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A B S T R A C T   

In spite of the increasing amount of literature on the production and application of lignin nanoparticles (LNPs), 
little or no attention has been paid so far to the influence of different production methods on the properties of 
these nanostructures. Herein, we propose a comprehensive study to assess the impact of several factors on the 
color, morphology, colloidal stability, antioxidant capacity, and UV-shielding performance of LNPs. LNPs were 
obtained by two different routes: a bottom-up approach based on the self-assembly in a solvent-antisolvent 
system with acetone/lignin/water; or a top-down approach based on the ultrasonication of never-dried lignin 
aqueous suspensions. The starting lignin was extracted from elephant grass leaves or stems, so that the influence 
of anatomical origin and molecular weight could also be investigated. Moreover, lignin was oxidized prior to 
being converted into LNPs, allowing for comparisons between different oxidation degrees. This study showed 
that interesting properties of LNPs can be easily tailored and combined focusing on the various applications of 
these versatile nanostructures. In a model application, different types of LNPs were incorporated into poly(vinyl 
alcohol)-based nanocomposites, modulating the UV-protection capability of the polymer matrix.   

1. Introduction 

Lignin is a primary by-product of papermaking [1] and bioethanol 
production [2], accounting for millions of tons of residues generated 
annually. Therefore, the preparation of lignin nanoparticles (LNPs) has 
emerged as a promising strategy to promote lignin valorization [3–5] 
and to enhance some of the valuable properties of this phenolic 
macromolecule, such as photo-protection, thermal stability, and anti-
oxidant and antimicrobial capabilities [6,7]. Additionally, LNPs are 
dispersible in water and have a hydrophilic surface, allowing for their 
use in water-based systems and distinguishing them from most of native 
and technical lignins, which usually have a more hydrophobic character 
and limited solubility. 

In grasses, softwoods, and hardwoods, the polymerization of mono-
lignols (phenylpropanoid monomeric precursors of lignin) results in 
heterogeneous macromolecules containing different proportions of the 
structural units, namely p-hydroxyphenyl, guaiacyl, and syringyl. The 
composition of hardwood lignin is mainly based on guaiacyl units, while 
softwood lignin contains both guaiacyl and syringyl, and grass lignin 
contains guaiacyl, syringyl, and small concentration of p-hydroxyphenyl 
units [8]. Moreover, the complex three-dimensional structure of the 

recovered technical lignin also depends on the extraction procedure, 
which determines the fragmentation pathway, the changes in molecular 
weight, and the surface chemistry. For example, highly condensed kraft 
lignin or non‑sulfur-containing lignins (alkaline, organosolv, and those 
from enzymatic hydrolysis) present different solubilities and physico-
chemical features [9]. These technical lignins are conventionally 
extracted during pulping or lignocellulosic biomass pretreatments and 
then isolated by precipitation, when the pH of lignin-enriched liquors is 
lowered by adding mineral acids [10,11]. After filtration and washing 
steps, the separated lignin can be converted into LNPs using either 
bottom-up or top-down approaches. 

Bottom-up procedures comprise the self-assembly of solubilized 
lignin macromolecules [12–14] through a mechanism that is triggered 
by solvent exchange, as well as by antisolvent precipitation, also called 
solvent-antisolvent route [15]. In brief, the solvent-antisolvent method 
encompasses the addition of excess deionized water (antisolvent) to 
lignin dissolved in a water-miscible organic solvent [14], inducing the 
self-assembly driven by the hydrophobic effect. As an amphiphilic 
macromolecule, lignin segments interact either by hydrogen bonding, 
van der Waals forces, and π–π interactions [16]. These intermolecular 
forces also play a role for the aggregation of hydrophobic moieties in 
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water, as well as for lignin self-assembling into spherical LNPs with 
~100 nm average diameter [12]. This approach has been previously 
used to produce colloidally stable, highly antioxidant and UV-absorbing 
LNPs using alkaline lignin extracted from the leaves of elephant grass 
[6]. 

Top-down approaches, on the other hand, include the mechanical 
fragmentation or disintegration of macro/micro solid aggregates of bulk 
lignin into irregular-shaped LNPs or LNP aggregates [17–20]. These 
processes are usually carried out using aqueous suspensions of lignin. 
High shear homogenization yielded LNPs smaller than 100 nm after a 4- 
h mechanical treatment [19]. Probe-tip ultrasonication, via cavitation 
and strong collisions among aggregates, reduced lignin particles to sizes 
as small as 10–50 nm after a 60-min treatment [17]. Additionally, 
Agustin et al. [20] recently reported an energy-efficient and rapid 
method to produce LNPs smaller than 100 nm by 5-min ultrasonication 
of never-dried alkaline birch lignin. 

Analogously to technical lignin, the size, shape, chemical properties, 
and stability of LNPs, particularly the self-assembled ones, are known to 
depend on lignin type, source, and extraction method, as well as on 
particle preparation routes [9]. However, a comprehensive study of 
multiple structure-property relationships has not been addressed so far 
and most of the published literature focus on the properties of LNPs 
produced by a single method using lignin extracted from one or different 
plants [3,4,17,19,21]. Few works explore variations in production 
conditions, such as the sonication time and water content of precursor 
lignin [20] or the control of lignin solution concentration [21,22] and 
antisolvent addition rate [16]. Moreover, there is still a lack of literature 
on the contribution of lignin surface chemistry for the enhancement of 
LNP features, which is highly valuable for the final applications of these 
nanostructures. 

Functionalization of bulk lignin has been proven to impart different 
properties on LNP, such as reduced antioxidant activity and slightly 
greater UV-photoabsorbance in acetylated lignin [6], and higher cyto-
compatibility in carboxylated lignin [23]. However, the impact of lignin 
oxidation prior to LNP production has not been reported so far. To the 
extent of our knowledge, only the oxidation of already formed LNPs has 
been studied. Mattinen and co-workers [24] performed a mild chemical 
oxidation with hydrogen peroxide and sonication at room temperature 
to promote LNP discoloration. Additionally, an enzymatic oxidation via 
laccase catalyzed cross-linking was performed to improve the LNP 
colloidal stability and reinforcement against dissolution in organic sol-
vent (THF). The functionalization could increase LNP attractiveness as a 
biomaterial for applications in medicine, food, and cosmetic sectors 
[24,25]. In turn, functionalization prior to nanoparticle formation could 
ensure higher homogeneity to the internal and external structure of 
functionalized nanoparticles, in opposition to ulterior functionalization, 
when chemical substitutions are expected to prevail mainly on the 
accessible surface of the already formed LNPs. Oxidation using H2O2 as 
oxidizing agent has been proven to increase the amount of carboxylic 
functional groups, while reducing the amount of associated carbohy-
drates [26] and the antioxidant activity of alkaline lignin from sugar-
cane bagasse [27]. Likewise, He et al. [28] utilized a H2O2 protocol to 
obtain oxidized softwood kraft lignin with high content of carboxylate 
groups and outstanding performance as an anionic dispersant for clay 
suspensions. 

Herein, we present an overview of the dependence of LNP properties 
on the production method, as well as on the anatomical origin and 
surface chemistry of lignin. For this purpose, elephant grass leaves and 
stems underwent a sequential acid-alkali pretreatment to separate lignin 
from the other components of the plant cell wall [29]. Lignin with high 
purity was extracted to the alkaline liquor and then isolated by a simple 
acidification method [6]. Subsequently, leaf and stem lignins, that is, 
macromolecules originated from a unique botanical source but two 
different anatomical parts, were oxidized using a mild NaOH/H2O2 
pathway. Non-oxidized and oxidized pure lignins were converted into 
LNPs via solvent-antisolvent route (self-assembly) or by ultrasonication 

in never-dried aqueous systems. LNP dispersions presented different 
color features, and nanoparticle morphology, size, colloidal stability, 
and antioxidant activity were investigated. Moreover, the UV-shielding 
properties of all LNPs were evaluated after their incorporation into a 
poly(vinyl alcohol) matrix. 

2. Experimental section 

2.1. Materials 

Feedstock: Elephant grass (Pennisetum purpureum) plants with ca. one 
year of growth were collected in the Institute of Animal Science (Insti-
tuto de Zootecnia - SP, Nova Odessa, Brazil). Plants were separated into 
leaves and stems, then oven dried at 60 ◦C for 24 h. Dry biomass was 
knife milled in a grinder equipped with a 10-mesh sieve. 

Chemicals: Sulfuric acid (H2SO4, 98%), sodium hydroxide (NaOH, 
certified ACS), hydrogen peroxide (H2O2, 29%), acetone (P.A.), hydro-
chloric acid (HCl, 37%), sodium chloride (NaCl, certified ACS), potas-
sium hydrogen phthalate (KHP, P.A.), acetic anhydride (Ac2O, 97%), 
1,4-dioxane (P.A.), and methanol (P.A.) were obtained from Synth 
(Diadema, Brazil). Alkali lignin with low sulfonate content (96%), acetyl 
bromide (99%), glacial acetic acid (99%), hydroxylamine-HCl (99%), 
2,2-diphenyl-1-(2,4,6-trinitrophenyl)hydrazin-1-yl (DPPH radical), 
pyridine (99%), sodium dodecyl sulfate (SDS), and poly(vinyl alcohol) 
(PVA, 87–90% hydrolyzed) were purchased from Sigma-Aldrich (St. 
Louis, MO, USA). Tetrahydrofuran (THF, 99.9%, GPC grade) was sup-
plied by PanReac AppliChem (Chicago, Illinois, USA). 

2.2. Sequential acid-alkali pretreatment 

Milled leaves and stems were sequentially treated with 1% (v/v) 
H2SO4 and 2% (w/v) NaOH, according to a method previously reported 
[30]. The first acid step was used to remove hemicellulose mainly, while 
the second alkali step was applied to extract the lignin fraction. Each 
step was carried out at 121 ◦C and 1.05 bar for 40 min in an autoclave. In 
addition to the pretreatment time, heating to working temperature took 
ca. 20 min and cooling to room temperature took ca. 40 min. 1:10 and 
1:20 solid-to-liquid ratios (g of biomass mL− 1 of solution) were used in 
first and second steps, respectively. Between steps and after the alkali 
step, the solid fraction was separated by filtration and abundantly rinsed 
with tap water. The alkaline liquors, containing ca. 20% of the total 
initial weight of raw leaves or 35% of the weight of raw stems, were 
recovered and used in the subsequent procedures. 

2.3. Isolation of lignin 

Alkaline liquors from leaves or stems were separately used in this 
step. These lignin-rich solutions with a concentration of ca. 1.2% (w/v) 
were acidified to pH 2 by dropwise addition of concentrated H2SO4 
under constant magnetic stirring (400 rpm) [6]. Precipitation of large 
particles of bulk lignin was visually confirmed by the increased system 
turbidity. The precipitate was abundantly rinsed under vacuum filtering 
until the rinsing water reached pH 6–7. Part of the solid material 
recovered was oven dried at 40 ◦C for 12 h and another part was kept in 
aqueous suspension (never-dried fraction). 

2.4. Oxidation of lignin 

An adapted method using NaOH/H2O2 [28] was applied to oxidize 
leaf and stem lignins. 50 mL of 2% (w/v) NaOH were added to 50 mL of a 
never-dried aqueous suspension of 2% (w/v) lignin. The system was kept 
at 60 ◦C under constant magnetic stirring (400 rpm) for 10 min until the 
turbid suspension became a translucent solution. Then, 30 mL of 29% 
(w/w) H2O2 was added dropwise over 1 h to avoid excessive bubble 
formation. The reaction lasted for 2 h, then the solution was acidified (to 
reach pH 2) and the precipitated oxidized lignins were washed as 
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described in Section 2.3. 

2.5. Production of lignin nanoparticles 

Bottom-up approach: Adapting previously reported procedures 
[3,6,31], self-assembled lignin nanoparticles (SA-LNPs) and oxidized 
SA-LNPs (o-SA-LNPs) were prepared via a solvent-antisolvent route. 
Lignins or oxidized lignins were solubilized in a 9:1 (v/v) mixture of 
acetone/water at room temperature and under constant magnetic stir-
ring (400 rpm) to form a 0.5% (w/v) lignin solution. Afterwards, the 
solution was quickly diluted with deionized water (1:100), resulting in 
aqueous dispersions of SA-LNPs or o-SA-LNPs. 

Top-down approach: Adapting a previously reported method [17], 
ultrasonicated lignin nanoparticles (US-LNPs) and oxidized US-LNPs (o- 
US-LNPs) were prepared by sonicating never-dried suspensions of 0.1% 
(w/v) precipitated bulk lignin or oxidized lignin. The procedure was 
performed in a probe sonicator equipped with a 1 cm wide titanium 
macro-tip, operating at a 20 kHz frequency and 60% amplitude (330 W 
power output). Cavitation treatments were conducted for fixed sus-
pension volumes (50 mL) in an ice bath for 15, 30, 60, and 90 min. The 
heating of the aqueous systems is highly detrimental to US-LNP pro-
duction, as large visible fractal-like lignin clusters appear when the 
temperature rises. To evaluate the yields and morphology of such 
ultrasonicated systems in the presence of a surfactant, 0.2% (w/v) SDS 
was added to the lignin suspension prior to the sonication treatment. 

After preparation, dispersions were vacuum filtered to remove larger 
aggregates and the yields of nanoparticle production were estimated in 
triplicate using an infrared balance for moisture determination. When 
required, concentrated aqueous dispersions were obtained by evapora-
tion in an oven at 40 ◦C. 

2.6. Preparation and evaluation of PVA/LNP composite films 

An aqueous suspension of 1% (w/v) PVA was heated at 90 ◦C for 2 h 
under constant stirring (400 rpm). Then, LNP aqueous dispersions were 
incorporated into the cooled PVA solution to cast PVA films containing 
10% (w/w) LNPs. The mixtures were oven dried at 40 ◦C for 12 h to 
produce films with a 2 mg cm− 2 weight-to-area ratio and an average 
thickness of 109 ± 7 μm. Transmittance UV–Vis spectra of the films in 
the range of 200 to 800 nm, using a 0.5 nm resolution, were assessed by 
diffuse reflectance spectroscopy (DRS) in a UV-2450 spectrophotometer 
(Shimadzu, Kyoto, Japan). 

2.7. Chemical characterization of bulk lignin 

Compositional analysis of pretreatment liquors and of bulk lignins 
was carried out using high-performance liquid chromatography (HPLC, 
refractive index detector) and gravimetric methods according to stan-
dard protocols [32–34]. Acetyl bromide soluble lignin (ABSL) was 
quantified using an indirect colorimetric method based on the dissolu-
tion of bulk lignins in acetyl bromide (acid medium) [29]. UV–Vis ab-
sorption spectra of non-oxidized and oxidized bulk lignins were 
collected in a Varian's Cary® 50 UV–Vis spectrophotometer (Agilent 
Technologies, Santa Clara, USA) using 1 cm pathlength quartz cuvettes. 
Calibration curves were obtained by acquiring the absorption spectra of 
alkaline solutions (2 mol L− 1 NaOH) containing lignins or oxidized lig-
nins at concentrations from 5 to 80 mg L− 1. For comparison, a com-
mercial alkali lignin with low sulfonate content was also analyzed. 
Extinction coefficient was calculated using the Beer-Lambert law. ATR- 
FTIR spectra of non-oxidized and oxidized lignins were obtained in an 
Agilent Cary® 630 FTIR spectrometer with ATR sampling module using 
a spectral resolution of 4 cm− 1 and 128 scans. Gel permeation chro-
matography (GPC) of acetylated lignin in THF (3 mg mL− 1) was con-
ducted using a Waters 1525 Binary HPLC Pump (Milford, USA) with a 
refractive index detector. Prior to GPC analysis, lignin was acetylated 
adapting a previous protocol [35], in which lignin powders (oxidized 

and non-oxidized) reacted with 1:1 (v/v) pyridine/acetic anhydride, in 
the dark, under constant magnetic stirring (400 rpm) at room temper-
ature for 120 h. The reaction was quenched, and the acetylated lignin 
was re-precipitated by adding cold deionized water (pH 2 adjusted with 
HCl). Results were reported as number-average molecular weight (Mn), 
weight-average molecular weight (Mw), and dispersity (Ð). 

2.8. Morphological characterization of bulk lignin and LNPs 

Optical microscopy (OM) images of bulk lignin (dried powder and 
never-dried suspension) were obtained in a Nikon Eclipse E800 micro-
scope coupled with a Nikon DS-Ri1 camera (Tokyo, Japan), using bright 
field mode with 4×, 10×, 20×, and 40× magnification lens. SEM mi-
crographs of bulk lignin and LNPs were acquired at 5 kV, using sec-
ondary electron detector in a Quanta FEG 250 microscope (FEI, 
Hillsboro, USA). SEM sample preparation included Ir sputter coating 
with a 11.3 mA current for 120 s in a BAL-TEC MED 020 sputter coater 
(Balzers, Liechtenstein). SEM images were analyzed using ImageJ soft-
ware (imagej.nih.gov/ij/). AFM height, phase, and amplitude images of 
LNPs were obtained in a Shimadzu SPM 9600 microscope using non- 
contact mode and a NCHR probe (curvature radius: 8 nm). For both 
AFM and SEM sample preparation, 10 μL of LNP dispersions (5–10 μg 
mL− 1) were deposited on mica substrates and then dried for at least 4 h 
at room temperature before analysis. More than five AFM images were 
captured per sample with a scanning rate of 1 Hz (1 line s− 1) and a 512- 
pixel resolution. Images were treated (row leveling and false color scale 
adjustment) and analyzed in Gwyddion 2.56 (Gwyddion.net). In AFM 
analysis, diameters were estimated as the height (z) for individualized 
spherical nanoparticles (SA-LNPs) and as the lateral (largest) width for 
irregularly shaped globular aggregates (US-LNPs). In both SEM and 
AFM, at least 130 LNPs were measured to build size distribution 
histograms. 

2.9. Surface charge and colloidal stability of LNPs 

Conductometric titration was performed in a Starter 3100M pH & 
conductivity bench meter (OHAUS, Parsippany, USA) to quantify the 
amount of ionizable functional groups (weak acids) onto lignin and LNP 
surface. Adapting previously reported methods applied for cellulose 
titration [30,36], 2.5 mL of 0.05 mol L− 1 HCl were added to 50 mL of 
0.01–0.1% (w/v) lignin suspension or 0.01–0.1% (w/w) LNP dispersion. 
Then, the system was titrated with a standardized 0.01 mol L− 1 NaOH 
solution. The content of ionizable groups, measured in mmol g− 1, was 
estimated considering the NaOH volume added while the conductivity 
was constant. DLS and zeta potential measurements were performed in a 
Malvern Zetasizer® Nano ZS-Zen 3600 (Malvern, UK) using a standard 
DTS1070 disposable folded capillary cell to assess the stability of LNPs 
in aqueous dispersions over pH 2–12. Mean hydrodynamic diameters 
were reported as number-weighted diameter for SA-LNPs (spherical 
shape) and intensity-averaged diameter for US-LNPs (irregular shape). 1 
mol L− 1 NaOH or HCl were used for pH adjustments of different aliquots 
of LNPs. All measurements of mean hydrodynamic diameter and zeta 
potential were performed with a fixed 173◦ scattering angle, in tripli-
cates of at least 11 scans each. 

2.10. Antioxidant activity of bulk lignin and LNPs 

Adapting a previously reported procedure [6,37,38], the antioxidant 
activity of lignin in solution and LNPs in dispersion was determined in 
terms of DPPH radical scavenging activity via a colorimetric assay. In 
brief, 2 mL of 65 μmol L− 1 DPPH• in methanol were added to 1 mL of 
0.15 mg mL− 1 lignin in 90% (v/v) dioxane or 1 mL of 0.15 mg mL− 1 LNP 
aqueous dispersion. DPPH• concentration immediately after adding it to 
lignin solution or LNP dispersion (0 min) and after 16 and 30 min was 
examined, away from direct light, using the relative intensity of the 
absorption band at 515 nm (λmax) measured by UV–Vis spectroscopy. 
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Blanks were prepared by adding 2 mL of DPPH• solution to 1 mL of 90% 
(v/v) dioxane or 1 mL of deionized water, respectively, for the assess-
ment of the antioxidant capacity of lignin in solution and LNPs in 
dispersion. All measurements were carried out at room temperature, in 
duplicates. The DPPH• scavenging activity was calculated according to 
eq. 1: 

%Scavenging =
(Abs blank) − (Abs sample)

Abs blank
× 100 (1)  

where Abs blank refers to the relative absorbance at 515 nm of the sys-
tems containing only solubilized DPPH• after 0, 16, and 30 min, while 
Abs sample is the absorbance of each sample at the same specific time. 

3. Results and discussion 

3.1. Properties of lignins extracted from biomass leaves and stems 

A sequential acid-alkali treatment was initially performed to extract 
pure lignin for nanoparticle preparation [6], as depicted in Fig. 1. 
During the first acid step, most of the hemicellulose contained in 
elephant grass leaves and stems was removed [29,30]. Afterwards, most 
of the lignin, which corresponded to approximately 20–30% (w/w) of 
the raw biomass, was solubilized in the alkali step and extracted to the 
liquid fraction. Then, the alkaline liquors were treated to isolate lignin. 

Klason lignins, that is, the acid insoluble lignin fractions, were 
recovered by medium acidification with a few drops of concentrated 

sulfuric acid. Up to 69% of the total amount of lignin contained in the 
alkaline liquor was precipitated as lignin aggregates with dimensions of 
hundreds of micrometers (Fig. S1). This extraction yielded an amount 
corresponding to 42% and 44% of the initial content of lignin in raw 
leaves and stems, respectively. Similar extraction yields were previously 
reported for lignin isolated from elephant grass leaves [6]. 

Lignin isolated from leaves or stems presented typical brownish 
coloration (Fig. 2A,C), though with different shades. Lignin brown color 
is related to the condensed chemical structure of the macromolecule and 
the presence of chromophores that promote high absorption capability 
in the ultraviolet/visible region [1,39,40]. The conjugated π-bonds 
contribute to a greater absorption at near-ultraviolet and blue wave-
lengths, resulting in an overall orange-to-brown color [41,42]. 

UV–Vis spectra showed the characteristic profile of the macromole-
cule in alkaline solution, with a maximum absorbance at around 285 nm 
for stem lignin, and 288 nm for leaf and commercial lignins (Fig. S2). 
This characteristic band could be assigned to sinapyl, coniferyl, and 
coumaryl alcohols, the monolignols that participate in lignin biosyn-
thesis [43]. The relative intensity of this band was linearly dependent on 
lignin concentration (R2 ≥ 0.99). 

The high purity of lignin was estimated as 95.0 ± 0.4% using UV–Vis 
calibration curves. Compositional analysis also indicated statistically 
equivalent content of acid insoluble lignin, 94.4 ± 0.2%. The method of 
ABSL, in turn, resulted in total concentrations of 98 ± 1% and 99 ± 1% 
for lignin from leaves and stems, respectively. The last method can 
provide overestimated results due to the simultaneous oxidative 

Fig. 1. Depiction of the fractionation of (A) raw elephant grass leaves and stems, respectively, containing 21% and 28% (w/w) of lignin. (B) A sequential acid-alkali 
pretreatment with 1% (w/v) H2SO4 and then 2% (w/v) NaOH was carried out to separate (C) a solid cellulose-rich substrate that could be used for several purposes 
[30], and (D) a lignin-rich alkaline liquor. This liquid fraction was (i) acidified to pH 2 by dropwise addition of concentrated sulfuric acid and subsequently (ii) 
washed and filtered to isolate (E) 95% pure precipitated lignin. 
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degradation of structural carbohydrates during sample acid incubation 
[44]. It is clear, however, that the lignin purity is quite high, indepen-
dently of the determination method. 

After isolation, lignins underwent mild oxidation with diluted 
NaOH/H2O2 solution. Oxidized lignin presented different coloration 
when compared to the brownish non-oxidized lignins. Leaf oxidized 
lignin was greenish (Fig. 2B), while the stem oxidized one was yellowish 
(Fig. 2D). ATR-FTIR confirmed changes in the lignin chemical structure 
after oxidation (Fig. 3A, B). A new absorption band at 1715 cm− 1 was 
assigned to C––O stretching vibrations in oxidized lignin [45]. Addi-
tionally, the relative intensity of the absorption band at 2845 cm− 1 

increased. This band was related to the asymmetric C–H stretching in 
methyl and methylene groups of lignin side chains [46,47]. Therefore, 
there was likely a proportional growth in the amount of lignin end- and 
side-chain groups, indicating further fragmentation during oxidation 
process. GPC analysis (Fig. 3C) corroborated this assumption, as the 
weight-average molecular weight (Mw) decreased from 7000–8000 g 
mol− 1 in non-oxidized bulk lignins to around 5000 g mol− 1 in oxidized 
lignins. Such reduction in the molecular weight was accompanied by a 
decline in molar mass dispersity, which became much narrower (1.4 in 
non-oxidized to 1.1 in oxidized lignin), as shown in Table S1. Similarly, 
oxidation using H2O2 imparted a reduction in the Mw from 16,770 g 
mol− 1 in softwood kraft lignin to 14,825 g mol− 1 in its oxidized coun-
terpart [28]. 

Moreover, ATR-FTIR (Fig. 3A, B) also showed that the cleavage of 
covalent bonds between phenylpropane units did not disrupt the aro-
matic structure of lignin, as confirmed by the preservation of absorption 
bands at 2920 cm− 1, 1503 cm− 1, and 1116 cm− 1. The first band was 
assigned to C–H stretching in aromatic methoxy groups, the second to 

C––C stretching in aromatic ring [48], and the last to aromatic C–H in- 
plane deformation [47]. Although the relative intensity was lower, 
UV–Vis spectra of oxidized lignins also showed the characteristic ab-
sorption band of lignin at about 280 nm (Fig. S3). Absorption (extinc-
tion) coefficients decreased from 22.54 ± 0.78 L g− 1 cm− 1 in the non- 
oxidized to 17.35 ± 0.76 L g− 1 cm− 1 in the oxidized leaf lignin, while 
for the stem lignin the reduction was from 25.84 ± 0.98 to 14.13 ± 0.20 
L g− 1 cm− 1 after oxidation. 

3.2. Bottom-up and top-down approaches to produce lignin nanoparticles 

Two different approaches were used to convert non-oxidized and 
oxidized lignin from leaves and stems into LNPs (Fig. 4). The bottom-up 
method depicted in Fig. 4A consisted of adding water as an antisolvent 
to acetone solutions of lignin. The hydrophobic effect and the π–π in-
teractions between the hydrophobic moieties of the macromolecule in 
water were the driving forces for the self-assembly of lignin into nano-
particles [12,16]. Self-assembled LNPs (SA-LNPs) were recovered with a 
93 ± 4% yield. Equivalent results were previously achieved for elephant 
grass leaves (93 ± 3%) [6] and corn biomass (93 ± 6%) [3]. 

In the top-down method (Fig. 4B), on the other hand, aqueous sus-
pensions of never-dried bulk lignin were mechanically treated using 
probe-ultrasonication, that is, liquid cavitation promoted the further 
disintegration of solid lignin aggregates into individual nanoparticles or 
LNP aggregates [17]. The recovery ratios of US-LNPs increased as the 
ultrasonic treatment lasted longer. Sonication for 15 min, 30 min, and 
60 min resulted in yields of 18 ± 4%, 45 ± 3%, and 85 ± 3%, respec-
tively. Increasing the sonication time to 90 min led to a 90 ± 2% yield. 
Considering the greater energy consumption and modest improvement 

Fig. 2. Photographs under visible light of (A) non-oxidized and (B) oxidized leaf lignin, (C) non-oxidized and (D) oxidized stem lignin, as well as of (E–L) aqueous 
dispersions of non-oxidized and oxidized LNPs. Red laser scattering in (F, J) demonstrates the Tyndall effect present in all LNP dispersions. (For interpretation of the 
references to color in this figure legend, the reader is referred to the web version of this article.) 

Fig. 3. ATR-FTIR spectra of non-oxidized and oxidized lignins extracted from (A) leaves and (B) stems. (C) Molecular weight (Mw) measured by GPC of non-oxidized 
and oxidized lignins from leaves and stems. Results expressed as the average and standard deviation of duplicates. 
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in the conversion rate, this longer procedure was not further 
investigated. 

Different plant anatomical origins and production methods, as well 
as oxidation degrees imparted different visual aspects to the LNP dis-
persions. Aqueous dispersions of SA-LNPs present similar light yellowish 
color (Fig. 2E, I), while US-LNPs are brownish (Fig. 2F, J). Moreover, 
dispersions of o-SA-LNPs and o-US-LNPs present lighter color than their 
non-oxidized analogues. Oxidized LNPs derived from leaf lignin are 
more greenish (Fig. 2G, H), while those derived from stem lignin are 
more yellowish (Fig. 2K, L). All dispersions showed Tyndall effect, that 
is, a laser beam underwent light scattering when passing through these 
colloidal systems (Fig. 2F, J). The color of lignin and LNPs is not a topic 
frequently discussed in literature, but it can have important conse-
quences for end applications, for instance in coatings and cosmetics. As 
demonstrated here, material coloration is highly dependent on the 
anatomical source and oxidation degree of starting lignin. 

3.3. Morphological properties of self-assembled lignin and oxidized lignin 
nanoparticles 

As shown in Fig. 5 and Fig. S4, SA-LNPs and o-SA-LNPs presented 
characteristic spherical morphology [14,16,49], and prior oxidation of 
lignin did not prevent the macromolecules from self-assembling into 
nanospheres. SEM images (Fig. 5A, D) evidenced the presence of single 
holes on the surface of some nanospheres. This feature was also observed 
in previous studies [6,16] and is probably an effect of solvent evapo-
ration under high vacuum and temperatures during SEM sample prep-
aration and analysis. Xiong et al. [16] suggested that the solvent trapped 
inside the nanoparticle core breaks through the LNP surface at higher 
temperatures and forms these holes. In fact, such morphological char-
acteristics were absent in AFM images, in which both sample prepara-
tion and image acquisition are performed under environmental 
conditions. 

All self-assembled LNPs presented skewed diameter distribution 
(Fig. 5G–L). For leaf and stem SA-LNPs, the average diameters deter-
mined by SEM and AFM slightly diverged, as expected, since the size was 

measured as Ir-coated particle width in SEM and particle height in AFM. 
While the diameters of SA-LNPs from leaves and stems were very 
similar, those of o-SA-LNPs were significantly smaller. Average diameter 
halved from ca. 50 nm in non-oxidized to ca. 25 nm in oxidized SA-LNPs. 
This difference was likely due to lignin cleavage after oxidation, which 
resulted in smaller macromolecular soluble moieties/fragments (Mw up 
to 3000 g mol− 1 smaller), which could self-assemble into smaller 
nanospheres. Specifically for spruce lignin samples with relatively high 
molecular weight, Pylypchuk et al. [22] reported a similar trend of 
increasing size of SA-LNPs as the Mw increased. Lignin fractions with Mw 
of 3080 g mol− 1 formed SA-LNPs with an average size of 80 nm, while 
fractions with Mw of 6360 g mol− 1 formed SA-LNPs with an average size 
of about 100 nm. The observed trend was opposite for lignins with lower 
molecular weight, and the authors argued that macromolecular frag-
ments with very small Mw (~1000 g mol− 1) present greater content of 
phenolic hydroxyl groups, which favored the growth of larger nano-
particles. Here, in addition to the decrease in Mw and dispersity, lignin 
oxidation conferred a charge effect by introducing carboxylic acid 
groups, which resulted in the production of o-SA-LNPs smaller than the 
corresponding SA-LNPs. 

3.4. Morphological properties of ultrasonicated lignin and oxidized lignin 
nanoparticles 

US-LNPs and o-US-LNPs were produced with fixed ultrasound power 
and variable treatment time. These nanoparticles or fragmented aggre-
gates presented flattened, irregular/globular-like shape (Fig. 6, Fig. 7, 
and Figs. S5–S7), with some exhibiting quasi spherical morphology 
(especially the oxidized US-LNPs obtained after 60-min sonication), as 
shown by AFM topography, amplitude, and phase images (Fig. S5D and 
Fig. S6C, D). Herein, the AFM topographical height was smaller than the 
lateral width for most of the particles or clusters observed, so the latter 
dimension was taken as the US-LNP diameter. Likewise, SEM micro-
graphs revealed the detachment of lignin plates from larger lignin 
fragments after 15 min of sonication (Fig. S8). 

Optical micrographs demonstrated that flat and layered micrometric 

Fig. 4. After lignin isolation, two methodologies were applied to produce LNPs. (A) In the bottom-up approach, the aqueous suspension of precipitated lignin was 
filtered and dried, yielding a solid lignin powder which was solubilized in acetone. Then, excess deionized water was added to the lignin solution, resulting in an 
aqueous dispersion of self-assembled nanoparticles (SA-LNPs). (B) In the top-down approach, the never-dried lignin suspension was diluted with deionized water and 
then underwent probe-sonication for 15 min, 30 min, or 60 min, yielding ultrasonicated nanoparticles (US-LNPs) also in aqueous dispersion. 
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particles with a shale-like morphology were already present in never- 
dried suspensions of untreated lignins, thus indicating that lignin 
plates were formed during lignin precipitation from the alkaline liquor 
(Fig. S9). Such observation suggested that cavitation and aggregate- 
aggregate collisions initiated the size reduction probably via a mecha-
nism of mechanical exfoliation, generating irregularly shaped particles. 
Previous works [17,18] also found LNPs produced by ultrasonication to 
be irregular in shape. 

As shown in AFM phase images, the morphology of US-LNPs was 
very distinct from that of SA-LNPs (Fig. 7G, H). While self-assembled 
LNPs typically showed spherical morphology, with smooth surface 

(Fig. 5), ultrasonicated LNPs were flat, granular, and heterogeneous in 
shape, being composed of a bunch of small quasi spherical entities 
(Fig. 6F, Fig. 7F, and Figs. S5, S6) likely formed during the isolation of 
bulk lignin. In fact, the acidification of alkaline liquors promotes pro-
tonation of hydroxyl and carboxylic acid functional groups of lignin, 
leading to the overall precipitation of the macromolecules into random 
aggregate-like, granular/globular structures [50]. Although at different 
scales, such globular morphology visualized as micrometric conforma-
tions in the precipitated lignins (Fig. S9) seems to have been transposed 
to some extent to the nanometer scale in the US-LNPs (Figs. 6 and 7). 

Sonication for 15 min was enough to reduce the dimension of lignin 

Fig. 5. Images obtained by (A, D) SEM and (B, C, E, F) AFM (topography) of SA-LNPs and o-SA-LNPs from leaves and stems. Corresponding histograms of diameter 
size distribution for (G–I) leaf and (J–L) stem SA-LNPs and o-SA-LNPs. Yellow arrows in (A, D) highlight nanospheres with holes. Particle diameter was measured as 
the lateral dimension (width) in SEM and the height (z) in AFM topography images. (For interpretation of the references to color in this figure legend, the reader is 
referred to the web version of this article.) 
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aggregates to the nanoscale (Figs. 6A, G and 7A, I). As the sonication 
time increased, the average diameter decreased, and the shape of the 
nanoparticles became more homogeneous, especially for stem US-LNPs 
(Fig. 7C and Fig. S6C, D). However, average diameter and skewed size 
distribution for ultrasonicated samples only significantly changed when 
ultrasonication time raise to 60 min (Figs. 6D, E, J, K and 7C, D, K, L). 
Then, the nanoscale agglomerates of US-LNPs and o-US-LNPs were quasi 
spherical-like domains with significantly smaller diameters and nar-
rower size distributions, probably due to leveling-off and exhaustive 

breakdown of lignin fragments. In fact, the size of the globules or small 
entities forming the US-LNPs was quite constant, while the size of 
formed nanostructures (the US-LNPs themselves) was dependent on the 
sonication time. Similar reduction of interparticle aggregation owing to 
increasing ultrasonication time was reported before [18], but a thorough 
AFM analysis of these morphological features was still lacking. 

The behavior and resulting features of sonicated systems in the 
presence of a surfactant were also investigated as an attempt to ascertain 
whether the globular aggregates (US-LNPs) originate in the sonication 

Fig. 6. AFM (A–E, I) topography, (F) amplitude, and (L) phase images of US-LNPs and o-US-LNPs from leaves. Images (F) and (L) magnify a detail of (C) and (I), 
respectively. Corresponding histograms of diameter size distribution for US-LNPs obtained by sonication during (G) 15 min, (H) 30 min, and (J) 60 min, as well as for 
(K) o-US-LNPs sonicated for 60 min. As nanoparticles were flat, the diameter was measured as the lateral dimension (larger width) in AFM topography images (tip 
radius of curvature: 8 nm). 
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process or if individualized nanometric globules are formed in sonicat-
ion and then aggregate later, during the drying process prior to micro-
scopy analysis. Being aware that lignin in aqueous suspension presents a 
very negative zeta potential, sodium dodecyl sulfate (SDS, anionic sur-
factant) was added to increase dispersion and prevent – through elec-
trostatic and steric mechanisms – the formation of aggregates/flocs 
during the preparation and analysis of nanoparticles. 

In the presence of SDS, the conversion yields of lignin into US-LNPs 
were 71 ± 3%, 79 ± 3%, 85 ± 1%, and 91 ± 2%, respectively, under 
sonication for 15, 30, 60, and 90 min. This result suggests that at times 

shorter than 30 min the surfactant favored to some extent the separation 
of aggregates into smaller particles and/or prevented such particles from 
flocculating. At times longer than 30 min, the presence of the surfactant 
did not significantly influence the yields, which were levelled-off 
compared to the systems without SDS. The overall morphology did not 
change significantly (Fig. 6I, L and Fig. S7), except for the average di-
ameters, which were smaller (up to 148 nm) in the presence of SDS than 
in its absence (up to 180 nm). The presence of large aggregates of 
nanoparticles was observed in both cases, thus evidencing that US-LNP 
morphology was mainly determined by the sonication step and was not 

Fig. 7. AFM (A–E) topography and (F, G) phase images of US-LNPs and o-US-LNPs from stems. Images (G) and (H) are representative phase images of US-LNPs (15 
min) and a SA-LNP, respectively. Corresponding histograms of diameter size distribution for stem US-LNPs obtained by sonication during (I) 15 min, (J) 30 min, and 
(K) 60 min, as well as for (L) o-US-LNPs sonicated for 60 min. As ultrasonicated nanoparticles were flat, the diameter was measured as the lateral dimension (width) 
in AFM topography images (tip radius of curvature: 8 nm). 
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merely an effect of the drying process. 
Furthermore, contrasting the results for self-assembled nano-

particles, prior oxidation of lignin caused no difference between the 
average diameter of US-LNPs and o-US-LNPs. In self-assembly, the 
mechanisms of ordering and nanosphere formation depend on the size 
(Mw) and surface chemistry of the macromolecular fragments of lignin 
that will yield SA-LNPs and o-SA-LNPs, so the latter were smaller than 
the former. In the case of ultrasonication, the aggregates formed during 
lignin precipitation are simply mechanically fragmented afterwards. 
Therefore, the results of this process depend more on the ultrasonic 
treatment and the conformation of the aggregates themselves than on 
factors such as macromolecule size and surface chemistry. Conse-
quently, the top-down approach (ultrasonication) yielded larger parti-
cles than the bottom-up method (antisolvent). 

3.5. Colloidal stability of lignin and oxidized lignin nanoparticles 

Conductometric titration of weak acids indicated that increasing 

both the surface area and the oxidation degree contributed to the higher 
amount of ionizable groups (IG) on the surface of LNPs. The effect of 
surface area was evidenced by the increased IG content in all LNPs 
(oxidized or not) compared to their respective bulk precursor lignins in 
water (Fig. 8A). The effect of oxidation, in turn, was demonstrated by 
the much higher IG content in the oxidized lignins (2.3 ± 0.1 mmol g− 1 

of leaf lignin and 3.0 ± 0.3 mmol g− 1 of stem lignin) than in the bulk 
lignins before oxidation (0.21 ± 0.05 mmol g− 1 and 0.16 ± 0.04 mmol 
g− 1). In agreement, o-SA-LNPs had the highest amount of ionizable 
groups among the samples due to the combination of both surface area 
and oxidation effects. The predominant presence of hydrophilic groups 
(phenolic hydroxyl and carboxylic acid functional groups) on the surface 
of self-assembled and oxidized particles was thus a consequence of their 
preparation method. The self-assembly process allows the bending of 
flexible lignin fragments in order to favor interactions among the hy-
drophobic moieties into the inner core of the nanoparticles, while their 
hydrophilic groups are directed towards the outer shell [6,14]. 

In the case of US-LNPs, the cavitation procedure increased the local 

Fig. 8. (A) Content of ionizable groups on the surface of lignins and LNPs. (B–E) Mean hydrodynamic diameter (left axis) and zeta potential (right axis) as a function 
of pH for samples of non-oxidized and oxidized LNPs from leaves. Dotted lines indicate the – 30 mV limit in the ζ potential axis. 
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system temperature and pressure, generating radical species of hydroxyl 
groups in aqueous media in the presence of air [17]. Agustin et al. [20] 
suggested that ultrasonication can induce changes in the surface charge 
of LNPs by exposing surface carboxyl or phenolic groups. Additionally, 
the ultrasonic treatment can cause the homolytic cleavage of β–O–4 
alkyl phenyl ether bonds, producing reactive species onto the nano-
particle surface [51]. Hence, ultrasonication also enhanced the content 
of ionizable groups in US-LNPs but did not contribute significantly for o- 
US-LNPs, as oxidized lignin possessed already a great content of weak 
acids on the surface. 

As confirmed by zeta potential and DLS measurements, all LNPs 
presented improved colloidal stability (Fig. 8B–E and Fig. S10). Zeta 
potentials more negative than – 30 mV [52] indicate that the nano-
particles were stabilized in water through electrical double layer 
repulsion [53] in a broad pH range. This mechanism was sensitive to the 
pH of the aqueous media and generally prevailed only above pH 3 due to 
the protonation of lignin phenolic and carboxylic groups at low pH [54]. 
Herein, the stabilization in terms of particle surface charge and mean 
hydrodynamic diameter extended over pH 5 to 11 for non-oxidized LNPs 
from both leaves and stems (Fig. 8B, C and Fig. S10A, B). Similar 
behavior was previously reported for self-assembled LNPs produced 
from elephant grass [6] and corn biomass [3,55]. Additionally, oxidized 
LNPs, which presented higher content of ionizable groups on the sur-
face, showed colloidal stability in a broader range from pH 4 to 12 
(Fig. 8D and Fig. S10C) and pH 3–4 to 11 (Fig. 8E and Fig. S10D), 
respectively for o-SA-LNPs and o-US-LNPs. Also, outside the pH range of 
satisfactory colloidal stability, the mean hydrodynamic diameters of 
oxidized LNPs were always smaller than those of the non-oxidized LNPs, 
probably due to a longer lasting charge effect (greater content of anionic 
groups in o-SA-LNPs and o-US-LNPs). 

3.6. Antioxidant activity of lignin and oxidized lignin nanoparticles 

The antioxidant activity of leaf and stem lignins in solution, their 
oxidized counterparts, and self-assembled or ultrasonicated LNPs was 
assessed using the DPPH radical scavenging assay. At fixed concentra-
tion (50 μg mL− 1), SA-LNPs and US-LNPs scavenged up to 56% of the 
initial amount of DPPH• immediately at the beginning of the experiment 
(Fig. 9 and Fig. S11). After 30 min, the DPPH• scavenging activity 

reached up to 76%. In opposition, lignins in solution scavenged at most 
7% of DPPH• immediately after the assay start and 60% after 30 min. 
For comparison, Aadil et al. [56] reported DPPH radical scavenging 
capacity of different lignin fractions ranging from 50 to 94% after 20 
min, while the antioxidant activity of ascorbic acid was reported as 28% 
at a concentration of 35 μg mL− 1. 

Oxidation drastically reduced the antioxidant capacity of leaf and 
stem lignins in solution. The radical scavenging activity of oxidized 
lignins was up to eight times lower than that of their non-oxidized an-
alogues. Although o-SA-LNPs and o-US-LNPs presented higher antioxi-
dant activity than oxidized lignins in solution, this property was up to 
four times lower than that of non-oxidized LNPs. Kaur and co-workers 
[27] attributed this behavior to the reduction of the proportional 
amount of phenolic hydroxyl groups in lignin after oxidation. 

Lignin capacity to scavenge free radicals is dependent on its ability to 
generate stable phenoxyl radicals. This property is compromised in 
oxidized lignin due to both the decreased concentration of phenolic 
groups and the presence of conjugated carbonyl groups that does not 
contribute to structure stabilization [27]. Self-assembly and ultra-
sonication/cavitation increased the specific surface area and the pro-
portional exposition of hydroxyl and carboxyl groups onto entity 
surface, thus counterbalancing the oxidation effect and slightly 
improving the DPPH• scavenging activity of o-SA-LNPs and o-US-LNPs. 

3.7. UV-photoabsorbance capability of lignin and oxidized lignin 
nanoparticles 

As a model of the potential application of LNPs as additives in water- 
based nanocomposites, these nanoparticles were incorporated into a 
PVA matrix to form colored transparent films (Fig. 10A) with UV- 
absorption capacity. Usually, the content of LNPs added to transparent 
polymeric matrices is lower than 20% (w/w), so that the fixed concen-
tration of 10% (w/w) studied here has been reported previously for 
targeted applications. Some examples include waterborne polyurethane 
nanocomposites [18], PVA nanocomposites with antioxidant and UV- 
protection abilities [57], cellulose nanocrystal/lignin UV-protection 
films [58] or cellulose nanofibril-based nanocomposites potentially 
suitable for food packaging, water purification, and biomedical products 
[59]. DRS analysis showed that the addition of 10% (w/w) non-oxidized 
or oxidized LNPs to the polymeric films increased their capability to 
photoabsorb in the ultraviolet/visible region (Fig. 10B, C). In addition to 
near zero transmittance at 200–300 nm, LNP-incorporated PVA films 
presented lower transmittance in the visible range than neat PVA. 

SA-LNPs and US-LNPs from both leaves and stems imparted higher 
(though different) UV-absorption ability to PVA films than o-SA-LNPs 
and o-US-LNPs. Oxidized LNPs were less efficient for shielding in the 
UVA range (320–400 nm). Lignin possesses UV chromophore functional 
groups, including aromatic quinones and methoxy substituted phenoxy 
groups [60], which were likely altered during the prior oxidation pro-
cess, as confirmed by the decreased extinction coefficient of the oxidized 
lignins. 

Moreover, unsaturated functional groups such as conjugated 
carbonyl, aromatic rings, and C––C, which are also chromophores in the 
visible range [60], were prone to be degraded during oxidation. Hence, 
oxidation not only changed lignin brownish characteristic coloration, 
but also promoted reduction in lignin capability to absorb UV radiation. 

4. Conclusions 

An overview of this comprehensive study on lignin nanostructures is 
presented in Table 1, which compiles the main characteristics of self- 
assembled and ultrasonicated LNPs produced from oxidized or non- 
oxidized lignins extracted from elephant grass leaves or stems. The 
anatomical origin of starting lignin influenced the coloration of the 
yielded nanoparticles but did not significantly affect other properties 
besides the magnitude of zeta potentials. 

Fig. 9. DPPH radical scavenging activity measured for the samples of non- 
oxidized and oxidized lignin and LNPs from leaves and stems. Antioxidant ca-
pacity assay was performed for 0, 16, and 30 min. 
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Since native lignin is a highly cross-linked biomacromolecule, its 
removal from the cell wall implies the fragmentation of its complex 
structure, especially during the alkaline stage of the pretreatment. The 
factors that most affect the properties of LNPs thus correlate with the 
lignin extraction steps, the existence or absence of functionalization 
(oxidation), and the procedures involved in its conversion to the 
nanoscale. 

Nanospheres were obtained by a bottom-up approach (addition of 
water as antisolvent) with higher yields than the globular/irregular 
aggregates produced by the top-down method (ultrasonication). Self- 
assembled LNPs were smaller and had more ionizable groups on the 
surface than ultrasonicated LNPs. Even though all LNPs showed higher 
charge density than the precursor bulk lignins, prior oxidation was 
crucial for obtaining nanoparticles with outstanding colloidal stability 
(very negative zeta potentials) and contents of ionizable groups, which 
include phenolic hydroxyls and carboxyls. Oxidation, however, also 

reduced LNP antioxidant activity and UV-blocking ability. 
In conclusion, nanolignin properties can be tailored using different 

oxidation degrees of starting lignin, as well as distinct nanoparticle 
production methods. While the top-down approach presented here is 
beneficial as an organic solvent-free, 100% water-based protocol which 
allows for eliminating energy-consuming drying steps, the bottom-up 
approach takes advantage of the intrinsic amphiphilic nature of lignin 
to produce nanoparticles with a more controlled morphology. There-
fore, both methodologies could be strategic for generating value-added 
lignin nanoparticles intended for various end uses, including coatings, 
cosmetics, and polymer reinforcement. 
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